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Apoptosis provides metazoans remarkable developmental flexibility by (1) eliminating damaged undifferentiated cells early in development
and then (2) sculpting, patterning, and restructuring tissues during successive stages thereafter. We show here that apoptotic programmed cell
death is infrequent and not obligatory during early embryogenesis of the purple sea urchin, Strongylocentrotus purpuratus. During the first 30 h of
urchin development, fewer than 20% of embryos exhibit any cell death. Cell death during the cleavage stages consists of necrotic or pathological
cell death, while cell death during the blastula and gastrula stages is random and predominantly caspase-mediated apoptosis. Apoptosis remains
infrequent during the late blastula stage followed by a gradual increase in frequency during gastrulation. Even after prolonged exposure during the
cleavage period to chemical stress, apoptosis occurs in less than 50% of embryos and always around the pre-hatching stage. Embryonic
suppression of apoptosis through caspase inhibition leads to functionally normal larvae that can survive to metamorphosis, but in the presence of
inducers of apoptosis, caspase inhibition leads to deformed larvae and reduced survival. Remarkably, however, pharmacological induction of
apoptosis, while reducing overall survival, also significantly accelerates development of the survivors such that metamorphosis occurs up to a
week before controls.
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Apoptosis plays two major roles during development,
removing damaged cells in embryogenesis and sculpting tissues
during morphogenesis and metamorphosis (Lockshin and
Zakeri, 2002). In unperturbed normal development, apoptosis
is typically not seen until relatively late, beginning in Droso-
phila 7 h after egg laying (AEL) during germ band extension
(Abrams et al., 1993), during neurulation or stage 15.5 in Xe-
nopus laevis (Hensey and Gautier, 1998), and around the mid-
gastrula stage, predominately in the endoderm, in zebrafish
(Ikegami et al., 1997).
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doi:10.1016/j.ydbio.2006.11.018occurring at the time of the stress, apoptosis is delayed until or
just prior to the time when the process is first seen in normal
development. For example, application of the DNA damaging
agent camptothecin during zebrafish cleavage does not result in
apoptosis until the early gastrula stage (Ikegami et al., 1999,
1997). The same is true in Xenopus and Drosophila where
apoptosis can be ectopically induced following x-irradiation
2–3 h prior to normal cell death (Abrams et al., 1993; Hensey
and Gautier, 1998, 1999). However, regardless of the type or
strength of the stressor applied, apoptosis was never documen-
ted prior to the mid-blastula (MBT) or maternal-zygotic
transitions (MZT) (Carter and Sible, 2003; Cole and Ross,
2001; Finkielstein et al., 2001).
Additional studies have found that this absence of early
developmental apoptosis is not due to the lack of pro-apoptotic
genes such as pro-caspases, but rather the presence of anti-
apoptotic factors such as Bcl-2 and Bcl-x family members or
defense proteins such as heat shock proteins, and glutathione S-
transferases (Bloom et al., 1998; Exley et al., 1999; Muscarella et
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researchers have hypothesized that apoptosis in embryos can only
be inhibited at the MBT/MZT by either (a) zygotic transcription
or (b) targeted removal or dilution of the thesematernally supplied
inhibitors (Miyanaga et al., 2002; Sible et al., 1997).
The purple sea urchin undergoes zygotic transcription during
the cleavage stages and is thought to have no comparable MBT/
MZT like stage (Davidson et al., 1998). With this in mind, we
hypothesized that urchins would exhibit apoptosis across early
development unlike the invertebrate and vertebrate models
previously discussed. Currently, little is known about the timing,
control, and function of apoptosis in sea urchin development. To
date, only three other studies have investigated apoptosis in sea
urchins. Two of the three studies observed apoptosis in gastrula
or plutei stages following earlier exposure to cytotoxic
chemicals and heat stress (Roccheri et al., 1997) or in response
to UV radiation (Lesser et al., 2003). The only study that
examined apoptosis during the very earliest stages of develop-
ment found that oocytes, eggs, and zygotes of the sea urchin
Lytechinus variegatus underwent apoptosis after exposure to
2–5 μM staurosporine (Voronina and Wessel, 2001).
In this study, we thoroughly characterize both apoptotic and
necrotic cell death across the first 30 to 48 h of normal or
toxicant-challenged development of the sea urchin, Strongylo-
centrotus purpuratus. Using three different assays, we show
that although zygotic transcription occurs across embryogen-
esis, apoptosis never occurs during cleavage and is rare from the
blastula to gastrula stages of normal development. Apoptosis
can, however, be ectopically induced around the hatching stage
by various cytotoxic chemicals, but regardless of the time of
application or the duration or strength of the treatment,
apoptosis is never recorded prior to the blastula stage. Lastly,
we found that inhibition of apoptosis during normal embry-
ogenesis results in larvae that are competent to settle. To our
knowledge, this report is the first extensive description of early
embryonic cell death in the model organism S. purpuratus.
Materials and methods
Urchin care
S. purpuratus adults were purchased from Marine Science Research
Products (Carlsbad, CA), kept in covered outdoor tanks filled with continuously
running filtered seawater, and fed a diet of Macrocystis and other algae.
Spawning, fertilization, and embryo culture
Sea urchins were spawned using a 0.2- to 1-mL intra-coelomic injection of
0.5 M potassium chloride. Sperm was stored dry in 0.5 mL tubes at 4°C for a
maximum of 1 week. Eggs were collected, rinsed with filtered seawater (FSW),
and placed in fresh FSW before fertilization. For TUNEL samples, 200 μL of
packed eggs was fertilized with 2 μL of sperm in the presence of 4 mM para-
aminobenzoate (PABA). After 15 min, fertilization success was calculated and
the fertilization envelope removed by passage though a 70-μm Nytex mesh.
Zygotes were allowed to settle and PABA was removed through aspiration,
followed by two rinses with FSW. Zygotes were then transferred to 500 mL
FSW in a clean beaker. All other experiments used zygotes with intact
fertilization envelopes.
After fertilization success was recorded, cultures that exhibited more than
90% fertilization were used for the following experiments. Zygotes were placedin pre-cleaned beakers with 500 mL FSWand 1 μg/mL gentamycin. Each beaker
was equipped with an electrical stirring apparatus (60 rpm), placed at 16°C, and
allowed to develop to the desired stage.
For survival studies, dilute concentrations (≤1/mL) of embryos were
transferred to BD Falcon (San Jose, CA) 6 or 24 well polystyrene cell culture
plates and allowed to develop to the prism stage. One hundred larvae were
transferred to culture ready 1000 mL beakers, covered with parafilm, and stirred
with a swinging paddle apparatus (for details, see Wray et al., 2004). Cultures
were fed a diet of three algae, Nannochloropsis, Rhodomonas, and Isochrysis,
at a final density of 3000 cells/mL every 2–3 days. Water changes (80–90%)
were conducted just prior to feeding using a 55-μm (early stages) or 10- μm (late
stages) Nytex mesh strainer (for details, see Wray et al., 2004). Once a week,
larvae were counted, photographed, and hand transferred to a clean beaker.
Larvae were staged ((Urry et al., 2000) and when competent allowed to settle on
glass Petri dishes or 6-well plates cured with bacterial biofilms (Wray et al.,
2004). If larvae did not settle, they were treated with seawater containing an
excess of 70 mM potassium chloride for 15 min and re-exposed to settlement
plates (Yool et al., 1986).
Reagents
All chemicals were purchased from Sigma (St. Louis, MO) unless noted
otherwise.
Cell death assays
Apoptotic cell death was evaluated using three different assays in order to
distinguish the early, middle, and late stages of cellular breakdown: cell
permeability, caspase activity, and DNA fragmentation, respectively (Smolewski
et al., 2002). Cell permeability changes were evaluated in vivo using vital dye
exclusion of YO-PRO®-1 and propidium iodide from Invitrogen/Molecular
Probes (Eugene, OR). Cells that contain only the YO-PRO®-1 dye are indicative
of apoptosis while cells that contain both YO-PRO®-1 and propidium iodide are
considered necrotic and not apoptotic (Idziorek et al., 1995).
Pro-caspases are inactive zymogens that become active once cleaved
(Thornberry and Lazebnik, 1998). Caspase activation was monitored in vivo
using Serologicals/Chemicon CaspaTag® fluorescent peptide substrate FAM-
VAD-FMK (Temecula, CA). We modified the kit directions to yield a simple,
inexpensive, and highly reproducible in vivo assay to visualize individual
blastomeres undergoing caspase-mediated apoptosis. Live dilute cultures of
embryos were exposed in seawater to 0.1× working strength FAM-VAD-FMK
(1.5 μL of 150× concentration in 1.5 mL) and incubated at 16°C for 1 h.
Embryos were then rinsed 3–4 times in FSW to remove unbound peptide and
reduce background staining. As a control, caspase activity was inhibited with
20 μM of Z-VAD-FMK from Promega (Madison, WI) added to embryo
cultures.
DNA fragmentation was recorded using ApoTag® terminal transferase
dUTP nick end labeling (TUNEL) also from Serologicals/Chemicon (Temecula,
CA). Prior to the TUNEL assay, embryos were fixed in 4% formaldehyde, 80%
filtered seawater and 100 mMHEPES for 15 min, permeabilized in 2:1 ethanol–
glacial acetic acid (Fisher Scientific, Hampton, NH), and rinsed three times for
5 min in phosphate-buffered saline (PBS) pH 7.4. To ensure that our TUNEL
assay correctly labeled apoptotic cells, we also collected positive, negative, and
apoptosis inhibited (20 μM ZVAD) subsamples at each time point and
monitored them for TUNEL signatures. Positive controls were conducted by
exposing fixed embryos to DNase (Promega, 1 U at 37°C) for 30 min. Negative
controls were conducted using the same method but without the terminal
transferase enzyme. Any sample that did not have consistent positive and
negative controls was eliminated from the analysis.
All other assays were conducted according to the manufacture protocols
with minor modifications suitable to seawater. DNA was labeled in fixed cells
with 0.1 μg/mL DAPI stain containing 10% Fluoremount-G from Southern
Biotechnology Associates (Birmingham, AL). Embryos were visualized on an
inverted Zeiss Axiovert S-100 fluorescence microscope fitted with mercury
illumination and a Lamba-10 automated filter wheel from Sutter Instruments
(Navato, CA). Images were collected with a cooled Princeton Instruments CCD
camera and analyzed with MetaFluor 4.11 software from Universal Imaging
Corporation (Downingtown, PA).
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Statistics were conducted using SYSTAT 10 (Point Richmond, CA). For cell
death assays, two-way nested (time and treatment) analysis of variance
(ANOVA) tests were conducted on square root transformed data to meet the
assumptions a Kolmogorov–Smimov test for a normal distribution. Homo-
geneity of variance was determined using Cochran's test.
Results
Validation of apoptotic and necrotic detection methods
In order to determine the timing in which urchin embryos
exhibit programmed cell death, several biochemical and
physical markers of apoptosis and necrosis were monitored.
Control embryos were collected at fertilization and every 2 h
post-fertilization (HPF) for 48 h. Three assays that measure
different aspects of the apoptotic process were used on three
separate batches with 200 embryos scored per assay, per time
point. In addition, embryo quality, including physical deforma-
tions, time to hatching, swimming ability, size, and cleavage
abnormalities were recorded.
TUNEL method validation
Initial experiments exhibited a high number of false-
positives in TUNEL staining, so our assay was optimized
with small but significant modifications (for additional
information, see Materials and methods). These modifications
eliminated the high level of false-positives detected in early
embryos. Furthermore, to verify that TUNEL signatures were
a result of apoptosis and not necrotic breakdown of DNA,
embryos were exposed to 20 μM of the pan-caspase
inhibitor, Z-VAD-FMK (Z-VAD), for the duration of the
experiment. In all cases the TUNEL marker was eliminated,
verifying that our method detected only caspase-mediated
apoptosis (Fig. 1).
Caspase activity validation
The fluorescent peptide FAM-VAD-FMK targets and
irreversibly binds the active site of caspases, indicating the
beginning to middle stages of apoptosis (Smolewski et al.,
2002). Cells that scored positive for caspase activation were
extremely fluorescent, exceeding 100–500 times the brightnessFig. 1. Method validation for TUNEL and caspase activation. Controls were cond
transferase or (+) exposure to 1 U DNase at 37°C for 30 min after fixation. Unambig
FMK. The normal 18-h embryo (N) shows no staining while an apoptotic embryo (A)
were collected at 470 nm. TUNEL images are shown in pseudocoloring while caspof controls (Fig. 1). Also, the addition of the caspase inhibitors
eliminates a majority of caspase activation signals, validating
this method.
Vital dye exclusion validation
Using the vital dyes YO-PRO®-1 and propidium iodide in
combination, one can distinguish between pathological cell
death and programmed cell death (Idziorek et al., 1995;
Wronski et al., 2002). The uptake of YO-PRO®-1 and exclusion
of propidium iodide indicates apoptosis while the uptake of both
indicates necrosis. This assay was verified through co-
incubation with the caspase inhibitor Z-VAD that eliminates
the YO-PRO®-1 uptake but not propidium iodide uptake,
confirming that this method distinguishes between apoptotic
and necrotic cell death in our model (data not shown).
Cell death during the cleavage stages of development is
exclusively necrotic
Using the above-described techniques, urchin embryos were
found to exhibit no apoptotic cell death during the cleavage
stages of development. With the TUNEL assay, embryos exhibit
little to no DNA fragmentation in the first 10 h of development,
corresponding to the cleavage stages (Fig. 2A). TUNEL-
positive cells were first recorded during the early blastula (Fig.
2B) and gastrula stages (Fig. 2C).
In agreement with the TUNEL assay, no appreciable caspase
associated fluorescence was recorded during the cleavage
stages of urchin development (Fig. 2D), but in a pattern similar
to the TUNEL findings, caspase activity was documented in
embryos just prior to hatching (Fig. 2E) and in the gastrula
stages (Fig. 2F).
The same temporal trend is seen with cell permeability
alterations. Using the vital dye YO-PRO®-1, apoptosis was not
evident during the cleavage stages of development as no
embryo blastomeres were found to contain exclusively YO-
PRO®-1. However, a few cleavage stage embryos were found to
take up both YO-PRO®-1 and propidium iodide, indicative of
necrosis. These permeability data indicate that any cell death
seen during the cleavage stages is exclusively necrotic in nature
(Figs. 2G and J) while cell death from hatching to gastrulation is
predominantly apoptotic (Figs. 2K–L).ucted for the TUNEL method on 32 cell stage embryos using (−) no terminal
uous caspase activity is shown using an irreversibly binding peptide FAM-VAD-
has numerous blastomeres with large amounts of activated caspases. All images
ase activity is shown with artificial green color enhancement.
Fig. 2. Cell death throughout normal urchin development. Micropictographs of programmed cell death across early urchin embryogenesis using (A–C) terminal
transferase dUTP (TUNEL) nick end labeling (D–F) caspase activation and (G–L) cell permeability alterations. Necrotic cell death (duel red and green dyes) was
recorded during (G and J) cleavage while apoptosis (green only) occurs from (H and K) hatching to (I and L) gastrulation.
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hatching stage
Quantifying both the percent of embryos with any apoptotic
cells (Fig. 3) and the number of apoptotic cells in each of those
embryos (see Fig. 6), it was demonstrated that all three cell
death markers confirm the absence of apoptosis during the
cleavage stages and the appearance of apoptosis around
hatching. Caspase activity peaks around hatching and then
precipitously falls off while both TUNEL and YO-PRO®-1
uptake (Fig. 3) increase in frequency thereafter. This fits with
the succession of events thought to occur during apoptosis
(Smolewski et al., 2002) and the relative length of each signal is
similar to Drosophila apoptosis which displays both caspase
and TUNEL signatures for extended periods of time (Abrams et
al., 1993). Lastly, no clear positional pattern of cell death within
the embryos was found, suggesting that cell death is not used forphysical sculpting at these early stages of development (data not
shown).
It is important to note that although the temporal trends are
similar across experiments, each batch of embryos exhibited a
unique pattern of apoptosis and necrosis during development.
For example, many batches of embryos exhibit little to no
apoptosis across the first 48 h of development while others
exhibit a low frequency of apoptosis after but never before the
early blastula stage. These data presented here are representative
but not all encompassing.
Inducible programmed cell death is stage dependent
It was then asked whether apoptosis could be ectopically
induced in higher numbers or earlier in embryogenesis by
chemical stressors and found that regardless of the time of
application or type of treatment, apoptosis only begins around
Fig. 3. Apoptotic cell death is infrequent and stage specific during normal development. Three batches of embryos were scored for early (caspase), middle (Yo-Pro),
and late stage (TUNEL) markers of apoptosis. In all cases, embryos did not exhibit apoptosis during the first 6–10 h of development, corresponding to the cleavage
stages. Caspase activation began around the early blastula stage or 12 HPF and peaked around the hatching stage or 18–24 HPF. Cell permeability (Yo-Pro) and DNA
fragmentation (TUNEL) began around hatching and continued to the early gastrula stage or 30 HPF. Error bars represent standard deviation.
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toxic drugs were added at the 4 cell stage: the PKC inhibitor
staurosporine [1 μM], the protein synthesis inhibitor emetine
[10 μM], the DNA damaging agent etoposide [25 μM], and the
ERK MAPK inhibitor U0126. The phenotypes and develop-
mental stage attained (as opposed to hours post-fertilization or
HPF) were also recorded to verify that our treatments were
effective.
PKC inhibition
Staurosporine treatment [1 μM] induced apoptosis around
12 HPF or the early to mid-blastula stage. Staurosporine-
exposed embryos were normal in appearance around 10 HPF
but began to show signs of cellular deterioration around the time
that apoptotic markers also began to appear. Staurosporine-
exposed embryos had a unique (compared to all other inducers)Table 1
Stress-induced apoptosis occurs around the hatching stage
Stress applied Cleavage stages Early hatched blastula
1 μM staurosporine Not statistically
different
200% increase, p<0.05
25 μM etoposide Not statistically
different
400% increase, p<0.001
10 μM emetine Not statistically
different
400% increase, p<0.05
2 μM U0126 MEK inhibitor Not statistically
different
50% increase, p<0.01
2 μM U0124 negative control Not statistically
different
Not statistically different
Twelve batches of four cell stage embryos were exposed to treatments for the
duration of the experiment. Samples were examined with three assays (TUNEL,
caspase activity, and vital dye exclusion) to determine apoptotic capability.
Average induction levels were compared to no treatment controls from the same
experiment. Concentrations were chosen based on the maximum apoptotic
effect. Lower concentrations of all treatments, but emetine (data not shown),
showed lower levels of induced apoptosis while higher doses caused necrosis.
Significance was measure using a standard two-tailed t-test between controls
and exposed at each time point. None of the treatments induced apoptosis above
control levels prior to the mid-blastula/hatching stage of development.
However, apoptosis was induced in large (etoposide and emetine), moderate
(staurosporine), or low amounts (U0126) during the early blastula stage.pattern of caspase activation, such that around 12 h post-
fertilization low level staining would occur in both the nuclei
and cytoplasm of the deformed embryos. These embryos were
typically acellular and staining often was seen in the perivitel-
line space which may indicate that apoptosis along with
secondary necrosis was occurring (data not shown). However,
around 16–18 h after fertilization, those embryos with intact
cells began to display caspase staining in the nuclei.
Concentrations equal to or higher than 2 μM staurosporine
induced predominantly necrosis 4–6 h after application
resulting in embryo lysis (data not shown).
Protein synthesis inhibition
In contrast to staurosporine-treated embryos, emetine-treated
embryos almost never exhibited low level caspase activity
before hatching, and caspase activity was never apparent in cells
in the perivitelline space suggesting that only apoptosis, as
opposed to necrosis, was induced. At 10 μM, emetine induced
apoptosis in around 40–50% of the embryos, increasing overall
peak developmental apoptosis by 400% compared to controls
(Table 1). Lower doses of emetine also induced a similar
amount of apoptosis at hatching (data not shown).
Topoisomerase inhibition
Etoposide, a topoisomerase II inhibitor, was an effective but
concentration-dependent inducer of apoptosis. While exposure
to low levels (1–5 μM) induced little to no apoptosis at the
hatching stage, moderate amounts (10–30 μM) consistently
induced apoptosis in embryos (for more details see later
figures). For example, 25 μM etoposide induced apoptosis in
50% of the embryos, an approximate 400% increase in peak
apoptosis (Table 1). However, concentrations over 30 μM did
not increase the percent of embryos with apoptosis but instead
induced necrotic cell death (see Fig. 6D).
MAPK inhibition
In agreement with (Kumano and Foltz, 2003), embryos
exposed to 2 μM U0126 exhibited exogastrulation and a loss of
spiculogenesis (data not shown) in approximately 40–70% of
embryos; the negative control U1024 had no quantifiable effect
Fig. 4. Apoptosis induction is stage not exposure length dependent. Three batches of early blastula stage embryos were exposed to either solvent control (closed
circles) or emetine [10 μM] (open circles). Samples for each of the three assays were collected every 2 h after exposure. Each assay: vital dye YO-PRO®-1, caspase
activation, and TUNEL, demonstrated that apoptosis is induced around the hatching stage, 20–24 h post-fertilization (HPF). Error bars represent standard deviation,
and asterisks represent significance measured at p≤0.01 using a standard two-tailed t-test between each treatment at individual time points.
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cultures. However, suppression of ERK MAPK leads to a
small but significant (p<0.01) induction of apoptosis (Table 1).
This is in contrast with the starfish embryo where MAPK is a
positive regulator of sea star apoptosis; our data indicate that
MAPK does not activate the apoptotic cascade in sea urchins
(Sasaki and Chiba, 2001, 2004; Sadler et al., 2004; Yüce and
Sadler, 2001).
The combination of these experiments shows that regardless
of the concentration, no chemical agent was able to induce
apoptosis during the cleavage stages of development, and no
amount or length of treatment could induce more than 50–55%
of the embryos to undergo apoptosis.
Inducible programmed cell death is not related to duration of
exposure
An alternative hypothesis to the stage dependency of
apoptosis in urchin development is that cells require a given
duration of exposure to complete the signaling events that
induce apoptosis, and that the appearance of apoptosis around
hatching is just coincident with this period of time. To test this
alternative hypothesis, pre-hatching early blastula stageFig. 5. Cell death in early urchin development is caspase mediated. Comparisons of
etoposide-exposed embryos (closed triangles), 20 μM Z-VAD-exposed embryos (op
triangles). Exposure to Z-VAD reduced caspase activation, cell permeability alteration
performed on square root transformed data to determine significance between and ac
asterisks.(∼10 h old) embryos were exposed to the protein synthesis
inhibitor emetine [10 μM]. In agreement with our previous
findings, all three apoptotic markers showed increases in
apoptosis around 20–22 HPF, which coincided with hatching
(Fig. 4). Thus, whether the exposure to a toxicant was early (as
at 4 h) or late (as at 10 h), apoptosis occurred at the same
developmental stage, around hatching. Taken together, these
data indicate that cell damaging chemicals induce higher rates
of apoptosis in hatching stage embryos, and equally that the
onset of apoptosis in development is dependent on embryonic
stage.
Cell death during development is caspase-mediated apoptosis
To confirm that the cell death recorded was caspase
mediated, embryos were exposed to increasing concentrations
of etoposide and the caspase inhibitor Z-VAD (Fig. 5). Embryos
exposed to only Z-VAD (empty circles) had no markers of
apoptosis and no unusual phenotypes, appearing identical to
controls (black filled circles). Those batches exposed to both
etoposide and Z-VAD in combination (empty triangles) had
phenotypes typical of etoposide-exposed embryos (black filled
triangles) such as reductions in size, thickening and darkeningapoptosis frequency were conducted in control embryos (closed circles), 25 μM
en circles), and 25 μM etoposide and 20 μM Z-VAD-exposed embryos (open
s, and TUNEL signatures to undetectable levels. Two-way nested ANOVAs were
ross time points and treatments. Significance at the p≤0.01 level is denoted by
Fig. 7. Frequency of apoptosis is stage dependent in urchin development.
Apoptotic frequency (number of cells per embryo) changes across develop-
mental time. A majority of normal (panel A) embryos and 25 μM etoposide
exposed (panel B) have no apoptotic cells, but those that do contain a tri-modal
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unlike their etoposide-exposed counterparts contained no
markers (TUNEL, Yo-Pro, or caspase activity) of apoptosis.
Thus, the cell damage expected of etoposide was seen, but not
the subsequent apoptosis. This verified that both the normal and
ectopically induced cell death recorded was caspase-mediated
apoptosis and not another form of programmed or pathological
cell death.
Necrotic versus apoptotic-induced cell death
Along with recording apoptosis, embryos were monitored
for necrotic cell death. Embryos exhibited a concentration-
dependent threshold necessary to induce apoptosis versus
necrosis (Fig. 6). In accordance with our other experiments,
most embryos exhibited no cell death of any kind during
cleavage (white stacked bars panels A–D), and apoptosis (grey
bars panels A–D) begins to appear around 12 HPF and peaking
around 18–24 HPF corresponding to the hatching stage.
Yet while the appearance of apoptosis is independent of
etoposide dosage, the relative levels of apoptosis versus necrosis
changes in response to the concentration of etoposide applied.
For example, the lowest dose of etoposide [5 μM] (Fig. 6, panel
B) induces low levels of apoptosis (grey bars) around hatching
and equal amounts of necrosis (black bars) after hatching. A
moderate concentration [25 μM] of etoposide (Fig. 6, panel C)
generates a large amount of apoptosis that continues from
hatching to early gastrulation. After 30 h, a small amount a
necrosis is also recorded. The highest doses of etoposide [50μM]Fig. 6. Comparison of apoptosis and necrosis induction across development.
Little to no cell death (white bars) of any form is recorded during normal early
development (A) while necrosis (black bars) is induced in larger amounts in
panel B low [5 μM] and panel D high [50 μM] concentrations of etoposide
compared to panel C a moderate [25 μM] concentration of etoposide. Moderate
amounts of apoptosis (grey bars) are found during the late blastula and early
gastrula stages only.
range to the number of cells that die: either low numbers, in the range 1–5 per
embryo (white bars) or high numbers, above 50 per embryo (grey bars). There
are almost no embryos with intermediate numbers of cells dying at any point in
development (black bars). This figure represents the mean from three different
experiments on three separate batches of embryos.caused predominantly necrosis (Fig. 6, panel D black bars),
beginning during cleavage and throughout early development.
Apoptosis occurs in low or high numbers within individual
embryos
Throughout the experiments, a tri-modal distribution of cell
death was also observed, with some embryos in a population
containing a high percentage of apoptosis whereas others
showed less or even a complete absence of cell death. To
investigate this further, the exact number of cells undergoing
apoptosis was quantified in control and etoposide-exposed
embryos. Normal (Fig. 7A) and exposed embryos (Fig. 7B) had
either few apoptotic cells (1–5 cells/embryo; white bars) or
were undergoing broad-spectrum cell death (>50% embryo;
grey bars). Rarely were embryos recorded to have moderate
(10–49) numbers of dying cells (black bars).
When analyzed across development, the ratio of low
numbers of apoptotic cells to large numbers of apoptotic cells
changes dramatically. In normal development, higher num-
bers of apoptotic cells per embryo occur around gastrulation
(Fig. 7A; grey vs. white bars), but in etoposide-exposed
Fig. 8. Level of apoptosis induction and inhibition influences survival rates and
time to settlement. Survival rates (panel A) and time to settlement (panel B) of
cultured larvae were monitored after exposure to combinations of etoposide and
Z-VAD. Control batches (black circles) showed a moderate survival rate after
7 weeks in culture, which was similar to the ZVAD alone (open circles). After
exposure to low levels [5 μM] of the apoptosis inducing agent etoposide (black
triangles), larval numbers were diminished after 7 weeks. The same survival rate
was found for those embryos exposed to both etoposide [5 μM] and Z-VAD
(open triangles). The only major variation was the highest concentration of
etoposide (black squares), which exhibited markedly higher rates of survival
compared to its apoptosis inhibited congener (open squares). This graph
represents data from a single experiment; however, results from a second
experiment were similar in both settlement times and embryo survivorship.
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the blastula to the late gastrula stage (Fig. 7B). In neither
case were high numbers of apoptotic cells observed later in
development.
These findings suggest that apoptosis has a threshold which
once exceeded leads to massive cell death and most likely death
of the embryo. Secondly, it suggests that during gastrulation
apoptotic cells are removed from the embryo. This is evident
from the striking reduction in apoptotic cell numbers around
42 h in both the normal and aberrant embryos. Lastly, these data
suggest that embryos are highly resistant to apoptosis and
possibly that apoptosis is a last resort mechanism against
chemical insult. To clarify this possibility, we then asked if
inhibition of apoptosis is beneficial or detrimental to larval
survival in the presence and absence of stressors.
Apoptosis is not essential for normal development but is
required during stress
To test whether apoptosis is necessary for early develop-
ment, urchin embryos were raised in the presence of the
caspase inhibitor, Z-VAD-FMK. Four cell embryos were
exposed for 48 h to 20 μM Z-VAD in the presence and
absence of two concentrations of the apoptosis inducing
chemical etoposide (5 and 25 μM). At this time, 100 embryos
were hand transferred to beakers containing only FSW, and the
larvae were fed and allowed to develop to competency. Larval
development (Fig. 9) and survival rates (Fig. 8A)weremonitored
every week until settlement, and the time to metamorphosis was
recorded (Fig. 8B).
As demonstrated in Fig. 8, survival and settlement rates
differed in the normal and apoptosis inhibited embryos. Z-VAD-
exposed embryos had similar survival rates compared to control
embryos (panel A; open vs. closed circles) indicating that
apoptosis inhibition is by itself not detrimental to development.
Exposure to 5 μM etoposide (open triangles) or to 5 μM
etoposide with Z-VAD (black triangles) had lower survival than
the controls or Z-VAD alone, both showing about 40% survival
compared to 65% in the controls. The 25 μM exposed batch
(black squares) had lower survival (∼20%) but was markedly
higher than the apoptosis-inhibited batch (Z-VAD+25 μM
etoposide, open squares).
Microscopic examination revealed no differences between
control and Z-VAD-exposed embryos (Figs. 9A andD). Embryos
exposed to Z-VAD and 5 μM etoposide (9E) showed similar
phenotypes compared to the 5-μM etoposide alone (9B). In fact,
the two batches were indistinguishable and competent larvae
from both samples settled after 7 weeks in culture (Fig. 8B).
However, embryos exposed only to the high concentration of
etoposide [25 μM] (9C) were noticeably healthier than their
apoptosis-inhibited counterparts (9E), which were extremely
deformed.
An unexpected finding was that the etoposide-exposed
larvae settled at significantly earlier times than the controls.
While both the control and Z-VAD batches settled after 8 weeks
in culture (Fig. 8B), embryos in all concentrations of etoposide
spontaneously settled in their beakers, at least 1 week before thecontrols. Even more, the batch of embryos that contained both
the highest concentration of the etoposide inducer and the
inhibitor of apoptosis settled 2 weeks before controls and
1 week before its counterpart. Taken together, these experiments
show that although apoptosis is not necessary for normal
development, its occurrence early in embryogenesis accelerates
the initiation of metamorphosis of embryos exposed to harmful
agents.
Discussion
This study shows that embryos of the purple sea urchin,
S. purpuratus, rarely exhibit apoptosis during normal early
development. Apoptosis is never found during the cleavage
stages of development, but a low incidence of apoptosis begins
to appear in the early blastula stage and throughout the mid to
late gastrula stage. Exposure to chemical stressors does not alter
the time when apoptosis is first detected, but such exposure
Fig. 9. Exposure to apoptosis inducing and inhibiting agents alters larval development. Larvae were raised to metamorphosis after a 48-h exposure to two
concentrations of etoposide in the presence and absence of 20 μM Z-VAD-FMK to inhibit etoposide-induced apoptosis. Micropictographs were taken after 5 weeks in
culture. (A) Control embryos (solvent alone) are well-formed eight arm larvae, between stages IVand V. (D) Embryos exposed to only the caspase inhibitor ZVAD are
around stage Vand have no obvious deformities and are of similar size. (B) Samples exposed to low doses [5 μM] of etoposide and (E) etoposide and ZVAD are both
developmentally retarded but nevertheless healthy eight arm stage III larvae with no major visual differences between the two counter batches. (C) Embryos exposed to
25 μM etoposide are much larger than the other batches and were remarkably accelerated in development after 5 weeks in culture, approaching stage VI and beginning
to show signs of rudiment formation. However, (F) embryos exposed to 25 μM etoposide and the apoptosis inhibitor ZVAD were markedly deformed and aberrant.
These images come from a single experiment but similar results were found in a second methodologically identical experiment.
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timing occurs regardless of the duration or type of chemical
insult, suggesting that apoptosis is stage dependent, and not a
consequence of a lengthy cell signaling pathway. The sea urchin
embryo is thus similar to embryos of organisms that exhibit
rapid rates of cleavage where apoptosis is first evident around
the mid-blastula transition. As in these embryos, such as fish,
frog, and fly, no apoptosis could be induced at earlier stages by
chemical or physical stressors. For example, in Drosophila
embryos, x-irradiation induced massive apoptosis only 2 h prior
to the stage at which normal cell was documented. At all
strengths of irradiation, apoptosis still required a minimum of
four physiological hours to occur (Abrams et al., 1993).
In contrast to apoptosis, necrosis resulted from exposure to
high concentrations of chemical stressors, which most likely
accounts for the report of Voronina and Wessel (2001), who
found that staurosporine induces apoptosis during cleavage
stages in urchin embryos. However, in this study it was found
that low levels of staurosporine [1 μM] did not lead to
apoptosis until the late blastula stage whereas higher levels
(≤2 μM) led to massive necrosis and lysis of the cells as
monitored by propidium iodide uptake. In addition, our caspase
method validation demonstrated that caspase-mediated apop-
tosis results in a 10- to 100-fold increase (as measured by
FITC) in bound FAM-VAD-FMK peptide within the cell.
Voronina and Wessel measured activation at only two times the
background.
Our results also demonstrate that purple sea urchin embryos
are remarkably resistant to chemically induced apoptosis.
Populations of exposed embryos contained some embryos
with only a few apoptotic cells as well as embryos with large
numbers of dying cells; embryos with intermediate numbers ofdying cells were rarely found. This distribution suggests
variation amongst embryos in their susceptibility to damage
with some being remarkably resistant and others being quite
susceptible. A similar resistance to etoposide has also been
recorded in the chicken embryo (Muscarella et al., 1998).
Lastly, it was shown that suppression of apoptosis by
inhibiting caspase activity for the first 48 h of development
resulted in functionally normal larvae that survived to
metamorphosis, indicating that apoptosis is not obligatory for
early urchin development. Also, along these lines, inhibition of
caspases in combination with exposure to apoptosis-inducing
chemicals resulted in an increased incidence of deformities and
a reduction of larval survival. Remarkably, the few embryos that
survived settled and metamorphosed up to 2 weeks before
controls. These data then indicate that while apoptosis is rare
and not required for early urchin development, it is adaptive
during times of chemical stress.
Insights into the regulation of developmental apoptosis in
urchins
The only prior work on regulation of apoptosis in echinoderm
development comes from studies on oocyte atresia in sea stars
(Sadler et al., 2004; Yüce and Sadler, 2001; Sasaki and Chiba,
2001, 2004). This work showed that if sea star oocytes are not
fertilized within hours of ovulation, apoptosis is initiated by the
ERKMAPK pathway. The ERKMAPK pathway is therefore an
attractive candidate for regulating apoptosis in sea urchin
embryos since it is down-regulated at fertilization and does not
appear again until the late blastula stage (Kumano et al., 2001)
when apoptosis is first seen in urchin embryos. However, our
results show that inhibition of ERKMAPK with U0126 induces
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positive regulator of apoptosis in the sea urchin embryo.
Furthermore, research in frog, bird, and pre-implantation
mice embryos suggest that maternally supplied inhibitors of
apoptosis are present in embryos until the stages at which
apoptosis first begins to appear (Bloom et al., 1998; Exley et al.,
1999; Miyanaga et al., 2002; Muscarella et al., 1998). A similar
situation might exist in the sea urchin embryo accounting for the
absence of apoptosis in the cleavage stages. ESTs similar to
anti-apoptotic Bcl-2 family members and a homologue of a
mouse inhibitor of apoptosis, AAC-11, have been found during
the cleavage stage of development in the purple sea urchin (Lee
et al., 1999) supporting this hypothesis.
Phagocytosis and developmental apoptosis
These presented data showed that once initiated, the
frequency of apoptotic cells was lower during gastrulation.
This most likely results from the elimination of these cells,
which is normally carried out by phagocytic cell engulfment
and destruction of apoptotic ‘corpses’ after cell death
(Hengartner, 2001). Phagocytic cells first appear in develop-
ment around the gastrula stage (Silva, 2003), suggesting that
removal of corpses cannot occur until this time in development.
Supporting this view, some phagocytic cells were seen with
apoptotic signals, which might represent corpses that had been
ingested by these cells (data not shown). This would also be
congruent with other developmental systems in which apoptosis
cannot occur or cannot be completed until after gastrulation due
to a lack of phagocytosis of cell corpses (Hong et al., 2004).
Embryo resistance to apoptosis, a few hypotheses
A surprising finding was the low level of apoptosis induced
by chemical stressors. We expected that embryos exposed to
extremely high concentrations of etoposide would exhibit
massive DNA damage leading to apoptosis of all the
blastomeres. Instead, we found that a majority of embryos
did not exhibit apoptosis in response to this stressor. Rather, as
noted, there appeared to be a tri-modal distribution of
apoptosis, with some embryos unscathed, some with a small
incidence of apoptosis and some with almost all cells exhibiting
cell death markers. This raises the question of why early
embryos repress apoptosis so vigorously. One possible reason
is that during early development, cells must maintain spatial
positioning to transfer necessary inductive signals for normal
development. If cell divisions are slowed down for damage
assessment, repair, or elimination via apoptosis, proper spatial
and temporal cell signaling messages would not be transmitted.
So, perhaps, this need for normal geometry of the embryo
supersedes the need for removal of cells with damaged DNA at
this early stage of embryogenesis (see Epel, 2003, for
discussion of this view).
Alternatively, perhaps DNA fidelity is not essential in the
developing larvae. This may seem counterintuitive, but adult
urchins arise from a lineage of a select few cells that form a type
of anlage or template which arises from one of the coelomic sacsand forms the larval rudiment (Ransick et al., 1996). At
metamorphosis, this rudiment is the sole tissue that gives rise to
the miniature adult urchin; the remaining tissues are discarded
(Pehrson and Cohen, 1986). As there is remarkable plasticity in
sea urchin embryos, if the rudiment cell lineage is damaged,
they could be removed by apoptosis and then could be replaced
by other undamaged cells. If most of the larval cells are non-
essential for the adult, the sea urchin larvae can therefore
develop with aberrant embryonic cells. This would render
apoptosis for cell quality control unnecessary. Phrased another
way, the bulk of cells with DNA damage can be ignored since
they only function in the larval stages and do not contribute to
the germ line or adult cells.
A final hypothesis, that is not mutually exclusive, is that sea
urchin embryos have robust DNA repair mechanisms or have
other means to prevent damage by chemical stressors. One
damage-avoiding mechanism could come from multi-drug
transporters, which have recently been implicated in directly
or indirectly regulating apoptosis (Johnstone et al., 2000;
Muscarella et al., 1998; Pompella et al., 2003) Sea urchins up-
regulate both a P-gp and two MRP type multi-drug transporters
shortly after fertilization (Hamdoun et al., 2004) and many of
the toxicants used in this study are substrates of these
transporters. These efflux proteins may have a significant role
in limiting apoptosis in development and studies in progress are
examining this possibility.
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